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Seagrasses represent the unique re-colonization of the marine ecosystem by angiosperms. 

As their terrestrial relatives, seagrasses are important habitat providers but in contrast their 

microbiomes are still poorly known. The microbial community associated with terrestrial 

plants is intensively studied and plays an important role in plant fitness.The close relation of 

seagrasses to terrestrial plants suggests resemblance in survival strategies, including the 

creation of a microbiome distinct of the surrounding environment. To obtain more knowledge 

regarding seagrass microbiomes and their intra- and interspecies differentiations, samples of 

three tropical seagrass species occurring around the island of Curaçao, the invasive 

Halophila stipulacea and the natives Halodule wrightii and Thalassia testudinum, were 

collected. Root and leaf associated microbes were separately analyzed using high-

throughput Illumina sequencing of the region V5-V7 of the 16S rRNA gene. Sequences were 

aligned and clustered into Operational Taxonomic Units (OTUs). Results displayed the 

occurrence of a seagrass-specific microbiome, distinct from that of the surrounding seawater 

and sediment. The existence of a species and tissue (root/leaf) specific bacterial community 

and structure was detected, along with a bacterial community that was shared among the 

seagrasses. OTUs belonging to the shared seagrass community were mostly of the orders 

rhizobiales. Desulfobacterales was the most abundant order associated with the roots and 

Rhodobacterales with the leaves of the three seagrass species. Species specific bacteria are 

represented mostly by OTUs of the same orders as the common OTUs, along with a few 

species specific orders. The high abundant and widespread bacterial OTUs were identified to 

be mostly associated to sulfur and nitrogen cycling, which point towards the importance of 

these processes in seagrass fitness. 

1 INTRODUCTION 

As soon as a plant colonizes a certain habitat, a complex system of symbiotic interactions 

between the emerging seedling and the environment will start to form, creating a holobiont. A 

holobiont contains a wide variety of microbes which are associated with a certain host 

organism (Sánchez-Cañizares et al., 2017). A plants holobiont can be spatially determined 

as the rhizosphere (the soil influenced by the root); the rhizoplane (microbiota attached to the 

plant root); phyllosphere (total above ground part of the plant) and the endosphere 



(microbiota inside the plant) (Sánchez-Cañizares et al., 2017).  Recently, many studies have 

been conducted on composition, activity, and the role of microbial communities associated 

with plants, which show microbial symbionts can confer stress tolerance (Redman, 2002; 

Zhang et al., 2008), increase nutrient uptake and fitness (Chaparro et al., 2014; 

Egamberdieva, 2008), and prevent pathogen attack to a wide variety of diverse plant hosts 

(Bulgarelli et al., 2012) .  

The structure of a plants microbiome is determined by a range of abiotic and biotic 

factors, like the environment (soil/air/water), the geno-/phenotype and the development stage 

of the plant (Chaparro et al., 2014; Hardoim et al., 2015). Terrestrial plants gain the biggest 

part of their rhizosphere microbial community from the soil, the upper layer of sediment in 

which plants grow. The soil bears a wide variety of bacterial groups, which differs due to 

variation in sediment characteristics. Plants supply the soil with exudates released by their 

roots. Thereupon, specific bacterial groups which can utilize these substances cluster in the 

plants rhizosphere (Bulgarelli et al., 2013; de Souza et al., 2016; Lundberg et al., 2012; 

Wagner et al., 2016). Differences in the soil community, the root system, exudates, and 

mucilage between monocotyledons and eudicots lead to differences in microbiota (Sánchez-

Cañizares et al., 2017), by which the plant creates a microbiome that differs among plant 

species and from the surrounding microbial community (Edwards et al., 2015; Lundberg et 

al., 2012; Wagner et al., 2016). The phyllosphere microbial community is showed to be 

distinct from the rhizosphere microbiome (Beckers et al., 2017). The source is unlike the 

rhizosphere communities less defined (Vorholt, 2012). Suggested is a community composed 

of partly air- and soil-borne microbes.   

Until recently, the main focus of research concerning the microbiome of plants 

covered terrestrial plants. Much less is known about the bacteria associated with marine 

plants. Seagrasses represent the recolonization of the marine habitat by flowering plants 

(angiosperms) by three independent events over four families: Posidoniaceae, Cymodoceae, 

Hydrocharitaceae and Zosteraceae (Olsen et al., 2016). It is one of the biggest habitat shifts 

known by vascular plants (Hemminga & Duarte, 2000). Seagrasses are able to survive 

constantly submerged, tolerating high salinity levels and anoxic conditions. They fulfill 

important functions in coastal marine ecosystems, as they capture sediment and function as 

nursery grounds for fish and invertebrates (Laffoley & Grimsditch, 2009; Nellemann et al., 

2009). Unfortunately, seagrass meadows are vulnerable ecosystems. Due to (anthropogenic) 

changes in their habitat seagrass meadows are decreasing (Chapin et al., 2000). Given the 

important function of microbiome interactions in terrestrial plants, it is interesting to determine 

the role of bacteria in seagrass meadows.  

Sediments colonized by seagrasses are often low in oxygen and high in organic 

compounds, which stimulates the growth of sulfate reducing bacteria, the predominant 

bacteria involved in anaerobic degradation of organic matter in coastal marine sediments 

(Jørgensen, 1982). They use sulfate as a substrate, by which they produce high amounts of 

hydrogen sulfide, a strong phytotoxin which makes the sediment highly reduced. Hydrogen 

sulfide is toxic to eukaryotic organisms, resulting in die-back events of seagrasses worldwide 

(Borum et al., 2005; Holmer & Nielsen, 1997; Pedersen et al., 2004). Completion of the sulfur 

cycle by sulfate oxidizing bacteria will lower the hydrogen sulfide levels, detoxifying the 

sediment, increasing seagrass fitness. The in general anoxic seagrass sediments can locally 

contain oxygen released from root tips by diffusion (Holmer et al., 2002). This stimulates the 

growth of sulfate oxidizing bacteria which use oxygen as a terminal electron acceptor 

(Hasler-Sheetal & Holmer, 2015; Jensen et al., 2007; Pedersen et al., 2004). Accordingly, 

the seagrass rhizosphere of European seagrasses is shown to be dominated by bacteria 

involved in the sulfur cycle, with Alpha-, Gamma-, Delta-, Epsilonproteobacteria, and 

Actinobacteria as successful root colonizers, whereas in the bulk sediment sulfate reducing 

Deltaproteobacteria represent the dominant group (Cifuentes et al., 2000; Cúcio et al., 2016; 



Fahimipour et al., 2017; Jensen et al., 2007). Another important process in the often 

oligotrophic seagrass sediments is nitrogen fixation, by which atmospheric nitrogen becomes 

available for the plant. High nitrogen fixation rates and abundances of potential diazotrophic 

microbes have been detected in seagrass meadows(Lehnen et al., 2016).  

Further support of the seagrass roots ability to “select” for certain microbes is given in 

a comprehensive analysis of microbial communities associated with Zostera marina. The 

microbiome of the roots is stable over different individuals and different from the surrounding 

sediment. When different beds were compared, the microbiota of the root to the adjacent 

sediment was not more different then from the root to a distinct sediment. Leaves however, 

showed higher similarity with the surrounding water within a bed compared to other beds. 

Leaf bacterial assemblages are variable per individual and resemble the water microbiota 

(Fahimipour et al., 2017). Two studies, which compared the microbiomes of different 

seagrass species, confirm a seagrass microbiome distinct from the environment, but found 

inconsistent results regarding the existence of a species specific microbiome(Cúcio et al., 

2016; Martin et al., 2018). Furthermore, seagrass microbiomes from two distinct locations 

revealed distinct microbial communities, which suggests seagrass microbiomes are, on a 

long scale, shaped by environmental differences (Cúcio et al., 2016). 

So far, studies regarding the microbiome of seagrasses, have mainly focused on 

European seagrass species and mostly species of the genus Zostera (Cúcio et al., 2016; 

Jensen et al., 2007). Just a few studies contain information concerning the microbial diversity 

of tropical seagrass beds, but ignore seagrass-species-specific differences (Bagwell et al., 

2002). Tropical waters differ from temporal waters in temperature, nutrient availability (lower 

in tropical waters) and sediment type. How these different environmental conditions in 

tropical waters influence the microbiota and how/if this relates to the seagrass microbiome 

has yet to be evaluated.  

Here we report a detailed analysis of the bacterial communities associated with the 

leaf (joint phyllosphere and endosphere) and root (joint rhizoplane and endosphere) 

microbiomes of two native seagrass species Thalassia testidinum, Halodule wrightii and an 

invasive species Halophila stipulacea (Smulders et al., 2017; Willette & Ambrose, 2012) 

collected at six different bays around the island of Curaçao. By using Next Generation 

Sequencing (NGS), the goal is to tackle differences in diversity, community composition and 

structure among species, locations and plant structures (leaves/roots) aiming to detect the 

possible driving forces behind microbial assemblage.  

.   

 

 

Figure 1 Studied seagrass species:  Thalassia testidinum (a), Halophila stipulacea (b) and Halodule wrightii (c).  



2 METHODS 

2.1 SAMPLING 
Samples were collected in January 2017 with an average seawater temperature varying 
between 28 to 32 degrees Celsius. Three seagrass species were collected: the native 
Thalassia testidinum and Halodule wrightii and the invasive Halophila stipulacea. The three 
species were obtained from six different locations around the island of Curaçao (Table. 1). At 
each location three replicates/species were collected (separating roots and leaves) along 
with sediment and seawater samples, compiling a total of 112 samples (Table 1). Individuals 
were uprooted, washed free of sediment and anything loosely attached within the seawater 
of their habitat. Excess seawater was shaken off and differentiated tissue samples (leaves 
and roots) were directly preserved in the field in 2ml eppendorfs with 0.5ml Xpedition™ 
Lysis/Stabilization Solution (Zymoresearch, California). In this way, the rhizoplane, 
phyllosphere and endosphere were conserved for further measurements. Sediments 
collected had a volume of roughly 1 ml and represented the sediment at the root depth of the 
respective seagrass. Seawater microbial communities were collected upfront of any sample 
by filtering 0.5L of seawater, from the water column on top of the respective meadow, over 
0.2 µm filters. Filters were preserved the same way as seagrasses and sediment samples. 
 

Table 1 Sample overview collected at each sample location per species (leaves + roots) together with seawater 
and sediment samples per site. 

Location T. testudinum H. wrightii H. stipulacea Environmental 
 Leaves Roots Leaves Roots Leaves Roots Seawater Sediment 

Ascension 
12º16'24.24N 69º03'08.53W 

3 3 3 3   2 4 

St. Marta 
12º16'33.01N 69º07'18.21W 

    3 3 2 3 

Piscadera 
12º08'06.32N 68º37'37.75W 

3 3   3 3 2 3 

Jankok 
12º12´15.43N 69º03'09.33W 

3 3 3 3 3 3 3 3 

Spanish Water 
12º03'57.95N 68º51'12.92W 

3 3 3 3 3 3 4 4 

St. Joris 
12º07'36.59N 68048'56.82W 

3 3   3 3 1 3 

Total 15 15 9 9 15 15 14 20 

 

2.2 DNA EXTRACTION, BACTERIAL COMMUNITY ANALYSIS AND 

CHARACTERIZATION 
Total genomic DNA was extracted from all samples using the Quick–gDNA kit (Zymo 
Research™) according to the manufacturer protocol for “Solid Tissue Samples” (page 4 of 
the manual). 

To validate taxonomic identification, samples were barcoded using the nuclear 

ribosomal DNA internal transcribed spacer (ITS) covering the region between the 18S rDNA 

and the 26S rDNA including ITS-1, 5.8S nrDNA and ITS-2 and using the universal primers 

ITS1 and ITS4 (White et al., 1990). PCR conditions followed those of Kumar & Shukla 

(2005): 95 °C for 10 minutes, 30 cycles of 95 °C for 1 minute, 55 °C for 1 minute, 72 °C for 1 

minute, and a final elongation of 72 °C for 10 minutes. The 25 µl reaction mixture contained 

200 µM dNTPs, 0.2 µM of each primer, 1× PCR buffer mix, 2 µl of template DNA and 0.25 µl 

of Taq polymerase. Sequences were then outsourced for Sanger sequencing and further 

visualized and edited using Geneious (http://www.geneious.com,Kearse et al., 2012). 

http://www.zymoresearch.com/buffers-solutions/stabilization-solutions/xpedition-lysis-stabilization-solution
http://www.zymoresearch.com/buffers-solutions/stabilization-solutions/xpedition-lysis-stabilization-solution
http://www.geneious.com/


For bacterial community characterization, the total 16S rRNA was amplified using the 

universal primers 27F and 1492r with the following changes to the original protocol (Lane, 

1991): an initial denaturation at 95 °C for 2 min, 35 cycles of denaturation at 95 °C for 20 s, 

annealing at 55 °C for 20 s, and extension at 72 °C for 90 s, with a final extension at 72 °C 

for 3 min. The 25 µl reaction mixture contained 250 µM dNTPs, 0.6 µM of each primer, 1× 2 

PCR buffer mix, 2 µl of template DNA (with a final concentration of about 10 ng µl−1) and 0.3 

µl of Taq polymerase (Advantage R2 Clontech). PCR products were cleaned using 

ExoFastAP enzyme following the Thermo Scientific™ protocol. Amplified DNA was sent to 

Molecular Research (MR DNA), Shallowater, Texas where a nested–PCR was performed 

prior to sequencing. The modified 8 bp key–tagged primer 799F along with the reverse 

primer 1193R, covering the regions V5-V7 from 16S rRNA and amplifying a fragment of ~ 

400 bp, were used to avoid chloroplast cross amplification (Bodenhausen et al., 2013). PCR 

conditions were as follow: 95 °C for 3 min, 10 cycles of 95 °C for 20 s, 50 °C for 30 s, 72 °C 

for 30 s, and a final elongation of 72 °C for 3 min. Samples were pooled together in equal 

proportions based on their molecular weight (calculated based on the size of the amplicon) 

and DNA concentrations (using Qubit™ Invitrogen) and purified using calibrated 

Agencourt

 

AMPure XP beads. DNA libraries were prepared by following Illumina TruSeq 

DNA library preparation protocol and paired–end (2 x 250 bp) sequencing performed at MR 

DNA (www.mrdnalab.com, Shallowater, TX, USA) on a MiSeq following the manufacturer’s 

guidelines. 

Sequencing data was processed using QIIME version 1.8. (Caporaso et al., 2010) and 

clustered into operational taxonomic units (OTUs) at >97% similarity using open-reference 

OTU picking with the UCLUST algorithm against the SILVA reference database (version 128, 

www.arb-silva.de). After selection of one representative sequence per OTU the database 

was aligned and chimeras were removed. Taxonomy was assigned using SILVA database. 

From the created OTU table, eukaryotic sequences (e.g. chloroplasts), singletons and 

doubletons were removed. 

 

2.3 STATISTICAL ANALYSIS 
Statistical analyses and data visualization were based on the resulting OTU table using 

PRIMER6 & PERMANOVA and Rstudio version 3.4.2(Clarke & Gorley, 2006; R 

Development Core Team, 2016).  

To determine α-diversity indices, the OTU table was rarefied to the minimum number 

of sequences (29021 sequences of sample PisHs2). Bacterial richness was displayed by the 

number of OTUs and Shannon-index (Shannon & Weaver, 1949) was used to include 

evenness. Data was tested for normal distribution with the Shapiro-Wilk test in R (version 

3.4.2). As data was not normally distributed, PERMANOVA (Permutational multivariate 

ANOVA) was used to determine significant differences (P <0.05) between the different 

sample groups using Euclidean distance (PRIMER6 & PERMANOVA, number of 

permutations was set to 999)(Anderson, 2001; Gower, 1982). A Monte Carlo test was done 

when the number of unique permutations was less than 900 (Metropolis & Ulam, 1949). 

Boxplots were created using the function boxplot in R (version 3.4.2), in which samples of the 

same seagrass species and tissue type where treated as biological replicates and were 

plotted together as one group. The deviation of the centroid was calculated using 

PERMDISP (PRIMER6 & PERMANOVA), to detect differences between variances of the 

sample groups. 

Bacterial community composition and structure was assessed through OTUs 

presence/absence and square root transformations, respectively, after which a resemblance 

matrix was compiled using the Bray-Curtis dissimilarity measure (Bray & Curtis, 1957). 



Statistical analysis were done using a three-factor PERMANOVA: species (fixed factor with 3 

levels), tissue (fixed factor with 2 levels), and location (random factor with 6 levels). First a 

main test was carried out after which more specific differences were analyzed in pairwise 

tests which compared two or three factors. Monte Carlo test was done when the number of 

unique permutations was less than 990. Sample groups were considered significantly 

different if P < 0.05. After comparisons on OTU-level, the data was treated identically, 

changing the taxonomic level from OTU-level to genus level. Community composition and 

structure tests were conducted in PRIMER6 & PERMANOVA, community differentiations 

were visualized with Canonical analysis of Principal coordinates (CAP) plots based on the 

resemblance matrix obtained from the Bray-Curtis dissimilarity measure. 

Differential abundance (Deseq function, Deseq2 package, R) and indicator species 

analysis (multipatt function, indicspecies package, R) were used to identify the specific 

genera causing the detected differences. The positive predictive value (A) and the sensitivity 

(B) for selecting indicators were both set to be > 0.6.  

Core microbiome was determined using the non-rarefied OTU table. A microbe was 

labeled as part of the “core” when it occurred in at least 80% of the samples of a defined 

group (e.g. species or tissue). Furthermore, all microbes with a relative abundance of more 

than 0.01% in seawater or sediment were labelled as seawater- /sediment-like microbes, and 

were removed from the initial seagrass core results. Established “cores” per species-tissue 

were displayed in VENN diagrams to observe the similarities and dissimilarities. Barplots 

were created to visualize the microbial taxa occurring in the core microbiomes. 

 

3 RESULTS  

The complete dataset (all seagrass 

and environmental samples) 

resulted in 9,465,162 sequences in 

which a total of 560,855 OTUs 

were detected (after removal of one 

sample due to an extremely low 

amount of counts). After chimeric, 

unassigned and chloroplasts 

sequences removal, the OTU table 

consisted of 8,908,965 sequences 

distributed through 445,744 unique 

OTUs. A considerable part of these 

OTUs represented singletons and 

doubletons (42%) and were removed to avoid possible sequence artifacts. After removal of 

these single- and doubletons the dataset contained a total of 257,757 unique bacterial and 

16 Archaea OTUs out of 8,533,147 sequences.  Around 85 % percent of the detected 

bacterial OTUs belonged to the phyla Proteobacteria (62.91 %), Bacteriodetes (17.61 %) and 

Actinobacteria (4.98 %) (Fig. 2). Another 10 % is represented by Planctomycetes (2.21%), 

Acidobacteria (2.03%), Firmicutes (1.83%), Spirochaetae (1.36%), Fibrobacteres (1.01%), 

AC1 (0.71%) and Deferribacteres (0.64%). The remaining 5% is composed of a variety of 52 

less abundant phyla (4.55%) and unidentified bacterial sequences (0.66%). 

3.1 ALPHA DIVERSITY 
Rarefaction resulted in a dataset containing a total amount of 232,238 unique OTUs. Alpha 

diversity estimated as OTU number and Shannon index (H’) differed among species (POTU 

Figure 2  Bacterial Phyla composition of the complete 
dataset. 

 

Most abundant Phyla total dataset 

Proteobacteria [62.91%] Bacteroidetes [17.16%]

Actinobacteria [4,98%]  Planctomycetes [2.21%]

 Acidobacteria [2.03%]  Firmicutes [1.83%]

 Spirochaetae [1.36%]  Fibrobacteres [1.01%]

 AC1 [0.71%]  Deferribacteres [0.64%]

Minor Phyla [4.55%] unidentified [0.66%]



number = 0.002; PH’=0.005) and between tissue-type (P OTU number =0.001; P H’=0.001), 

regardless of the location of the samples (P OTU number =0.283; P H’=0.343). However, when 

factors were combined (location x species/tissue), the location of the samples did show to 

have an effect (P OTU number < 0.05; P H’ < 0.05, Supp. Table 1.1 & 1.4). Pairwise PERMANOVA 

tests gave more insight, by which the location-effect occurred sporadic over different 

comparisons (Supp. Table 1.3 & 1.6).  

Constant over both the number of OTUs and Shannon diversity, seawater and 

sediment had the least and most diverse communities, respectively (P OTU number = 0.001; P H’= 

0.001, Fig. 3a and 3b). Furthermore, sediment was more diverse than all seagrass 

microbiomes and seawater was less diverse than all but H. stipulacea leaves (number of 

OTUs and Shannon index) and H. wrightii leaves (Shannon index, P < 0.05, Supp.Table. 1.2 

& 1.5). Inter-species diversity differences were observed as H. stipulacea roots display high 

diversity measures compared to the other species (P OTU number < 0.05; P H’ < 0.05, except for 

H. wrightii roots number of OTUs: P OTU number = 0.116; and H. wrightii leaves Shannon 

diversity: P H’=0.071, Supp.Table. 1.2 & 1.5). According to leaves, the OTU number of H. 

wrightii roots were in the same diversity range as the roots of H. stipulacea (Fig. 3a, Supp. 

Table 1.2 & 1.5), whereas based on the Shannon index they equal the roots of H. wrightii 

with the other seagrass microbiomes and showed a relative increase of H. wrightii leaves 

with respect H. stipulacea (P H’=0.071). 

 

 

3.2 COMMUNITY COMPOSITION AND STRUCTURE 
Seawater, sediment and seagrass samples displayed a unique microbial community 

structure and composition which differed among seagrass species, tissue-type and location 

(P = 0.001).  Furthermore, all possible factor combinations resulted in significant interactions 

Figure 3. Alpha diversity estimates by 
number of OTUs (a) and Shannon index (b) 
of seagrass associated microbiomes from 
Curaçao, Netherlands Antilles. Sample 
groups display the three seagrass species 
per tissue type (Leaf and Root), seawater 
and sediment. HL: H. stipulacea Leafs 
(n=15), HR: H. stipulacea Roots (n=15), SyL: 
S. filiforme Leafs (n=9), SyR: S. filiforme 
Roots (n=8), TaL: T. testudinum Leafs 
(n=15), TaR: T. testudinum Roots(n=15), 
SW: seawater (n=14) and S: sediment 
(n=20). Boxplot values are given by the 
minimum and maximum values (lower and 
upper whisker), the first (25%) and the third 
(75%) quartile (lower and upper hinge) and 
the median with a 95% confidence interval 
(the notch). Outliers are displayed as bullets. 
Differences were analyzed with 
PERMANOVA pair-wise tests (n=999 
permutations), computed using the euclidean 
distance between the sample groups. Letters 
above boxplots represent 
similarity/dissimilarity among groups (sign. 
difference: P < 0.05). 

 



(SpeciesxTissue, SpeciesxLocation, TissuexLocations & SpeciesxTissuexLocation, P = 

0.001, Supp. Table 1.7 & 1.17).  Pairwise tests of these interactions revealed that seagrass 

bacterial communities differed between tissue-type in each species (0.001 > P < 0.002, 

Supp. Table 1.12 & 1.22), among all seagrass’ roots and leaves and from the 

sediment/seawater (0.001 > P < 0.015, Supp. Table 1.11 & 1.21). Although less significant, 

communities also differed among almost all locations in each seagrass (0.002 > P < 0.05, 

Supp. Table 1.14 & 1.24). The CAP analysis based on a species-tissue classification 

correctly clustered 92,793% of the samples (Fig. 4). Seawater clustered distinct from the 

seagrass microbial communities, whereas sediment samples clustered more closely with the 

seagrass roots (Fig. 4).  

The differences between root and leaf communities were further examined by a 

differential abundance analyzes, which revealed 642 significantly different abundant genera 

in leaf and root samples at a significance level of P = 0.05 (Deseq2, R). The forty most 

differential abundant genera were mostly composed by members of the order 

Desulfobacterales, which were high abundant in root samples, whereas members of the 

orders Rhodobacterales and Sphingobacterales were strongly leaf-associated (Fig. 5). 

Additional, the indicator species analysis revealed seagrass-species-tissue and 

environmental (sediment/seawater) related bacteria (Table 2).  Overall, there were two 

indicator genera for H. stipulacea, three for H. stipulacea leaves, 6 for T. testudinum Roots, 2 

for T. testudinum leaves, 2 for H. wrightii roots, and 3 bacterial genera for H. wrightii leaves 

(Table 2). The relative abundances of these indicator bacteria were low, as all were less than 

0.2%, more widespread genera had higher relative abundances (Supp. Mat. 2). Sediment 

and seawater contained a wider variety of indicator bacteria (20) than the seagrasses (Table 

2). Sediment shared many indicator bacteria with seagrass roots (95, Supp. Table 2.2), in 

contrast, seawater did not show many indicator bacteria in common with leaves (5, Supp. 

Table 2.2).  

 

 

  

Figure 4. Canonical analysis of Principal 
coordinates (CAP) of microbiome communities 
of leaves and roots of three seagrass species 
and their environment (seawater and sediment) 
from six bays on Curaçao (Netherlands Antilles) 
using Bray-curtis similarity of the counts 
(square-root transformed) to the taxonomic 
level genus. Sample groups display the three 
seagrass species per tissue type, seawater and 
sediment. Hsroot: H. stipulacea roots (n=15), 
Hsleaf: H. stipulacea leaves (n=15), Taroot: T. 
testudinum roots (n=15), Taleaf: T. testudinum 
leaves (n=15), Hwroot: H. wrightii roots (n=8), 
Hwleaf: H. wrightii leaves (n=?), sediment 
(n=20) and seawater (n=14). 
 



 

  

Figure 5. Heatmap of leaf and root samples (x – axis) of three seagrass species from Curaçao, Netherlands 
Antilles and their 40 most differential abundant genera (y – axis, Lowest adjusted p-values, DESeq2). Raw counts 
are transformed using a variance stability transform (vsd). OTUs are presented at their lowest known taxonomic 
level. Letter indicates taxonomy: G = Genus; F = Family; O = Order, C = Class and P = Phylum. The dendogram 
(on top) groups the samples based on their similarity and the dendogram (on the side) groups the bacteria based 
on their similarity. Sample names represent:  location (As: Ascension, JK: JanKok, Pis: Piscadera,  SJ: Sint Joris: 
SM: Sint Marta, SPW: Spanish Water,  – species (H: H. stipulacea, Hw: H. wrightii, Ta: T. testudinum) – tissue (L: 
Leaf, R: root) – replicate (1,2,3). 

 



Table 2. Indicator analysis results, giving the indicator genera associated with one specific group. The Minimum 
value for the positive predictive value (A) and sensitivity factor (B) was 0.6. P-value: degree of statistical 
significance of the associated bacteria. Relative abundance: mean relative abundance of the specific genera in 
the specified sample group. 

Seagrass x tissue Bacteria A B p.value rel. Abundance 

H. stipulacea Roots G-Thalassolituus 0.6667 0.8333 0.001 0.000758072 

 G-Rs-M59 termite group 0.6876 0.75 0.002 0.000629429 

H. stipulacea Leaves F-Rhizobiales Incertae Sedis 0.855 0.8 0.001 0.000254988 

 O-Rickettsiales 0.6607 0.9333 0.001 0.000652401 

 G-Rhodococcus 0.7577 0.8 0.001 0.000128642 

T. testudinum Roots F-uncultured sediment bacterium 0.6923 0.875 0.001 6.03012E-05 

 F-uncultured soil bacterium 0.6918 0.875 0.001 0.000146446 

 O-uncultured Codakia orbicularis gill 

symbiont 

0.9078 0.625 0.001 4.30723E-05 

 G-Candidatus Thiopilula 0.8884 0.625 0.001 9.90662E-05 

 G-Campylobacter 0.8718 0.625 0.007 0.001262017 

 G-Candidatus Riegeria 0.6546 0.75 0.010 0.001266324 

T. testudinum Leaves O-Flavobacteriales 0.749 0.7778 0.010 0.001286425 

 G-Dokdonia 0.6559 0.7778 0.001 0.000126345 

H. wrightii Roots O-Fibrobacterales 0.8163 0.6111 0.001 0.000248096 

 O-Fibrobacterales 0.6729 0.7222 0.001 0.00014702 

H. wrightii Leaves G-Butomus umbellatus 0.8597 0.9333 0.001 0.000558216 

 O-Rickettsiales 0.6431 1 0.001 0.000186072 

 F-Caulobacteraceae 0.9377 0.6 0.001 0.000397413 

Sediment O-Xanthomonadales 0.8072 1 0.001 0.000680542 

 O-Rhodospirillales 0.8758 0.9 0.001 0.000706385 

 O-Acidimicrobiales 0.7823 1 0.001 0.000654698 

 O-HOC36 0.8223 0.95 0.001 0.00098377 

 G-Acidihalobacter 0.7874 0.95 0.001 0.000168843 

 O-Gaiellales 0.7923 0.9 0.001 0.00036353 

 G-Candidatus Entotheonella 0.6711 0.95 0.001 0.000659867 

 F-Acidiferrobacteraceae 0.8237 0.75 0.001 0.000503084 

 F-ABS-19 0.8192 0.75 0.001 0.000161952 

 F-FW13 0.9411 0.65 0.001 0.000380759 

 O-NB1-n 0.7282 0.8 0.001 0.000382482 

 O-NB1-n 0.8284 0.7 0.001 0.000356638 

 F-MSB-1E8 0.7466 0.75 0.001 0.000158506 

 O-uncultured Acidobacteria 

bacterium 

0.6453 0.85 0.001 0.000189518 

 O-NB1-n 0.7828 0.7 0.001 0.00020847 

 C-MACA-EFT26 0.7717 0.7 0.001 0.000163675 

 G-Zeaxanthinibacter 0.7179 0.75 0.001 0.000601289 

 F-C8S-102 0.7721 0.65 0.001 0.000179181 

 G-Epulopiscium 0.7096 0.7 0.001 7.40843E-05 

 C-BD2-11 terrestrial group 0.6138 0.6 0.002 8.95903E-05 

Seawater F-SAR86 clade 0.9615 1 0.001 0.009042713 

 F-SAR86 clade 0.9492 1 0.001 0.009692489 

 O-SAR11 clade 0.9452 0.9286 0.001 0.000236282 

 F-SAR116 clade 0.9559 0.8571 0.001 0.000132909 

 F-Surface 1 0.9537 0.8571 0.001 0.000534096 

 F-Surface 1 0.9482 0.8571 0.001 0.000689156 

 G-AEGEAN-169 marine group 0.9329 0.8571 0.001 0.000758072 

 F-Mitochondria 0.9221 0.8571 0.027 0.006741424 

 P-Marinimicrobia (SAR406 clade) 0.9202 0.8571 0.005 0.003864197 

 F-Surface 1 0.9677 0.7857 0.001 0.000137831 

 G-Candidatus Aquiluna 0.9415 0.7857 0.023 1.96902E-05 

 F-OM182 clade 0.949 0.7143 0.001 0.003091357 

 O-Bacillales 0.9599 0.6429 0.001 0.000297814 

 F-Staphylococcaceae 0.8596 0.7143 0.001 0.000285508 

 G-MWH-UniP1 aquatic group 0.9522 0.6429 0.001 0.001786883 

 F-SAR116 clade 0.9402 0.6429 0.001 0.000162444 

 O-Micrococcales 0.9396 0.6429 0.001 0.000706385 

 F-Microbacteriaceae 0.9348 0.6429 0.008 0.00191487 

 P-Firmicutes 0.8046 0.7143 0.003 0.000401187 

 F-NS7 marine group 0.6408 0.6429 0.004 0.000147676 



3.3 CORE MICROBIOME 
The core microbiome of each seagrass species contained a small number of OTUs (Fig. 6). 

H. stipulacea’s core microbiome was the most diverse, represented by 32 root and 75 leaf 

specific OTUs. H. wrightii contained 38 root and leaf OTUs, whereas T. testudinum had the 

least diverse core with 10 root and 8 leaf OTUs (Fig. 6). The seagrass core microbiome 

shared among all seagrass species consisted of 18 root specific, 48 leaf specific and 8 OTUs 

shared among both tissue-types. The 8 tissue-independent OTUs are Alpha- and 

Gammaproteobacteria of the orders Rhizobiales, Rhodobacterales (Alpha), Oceanospirillales 

and Thiotrichales (Gamma). Despite species specific differences in OTU core composition, 

the seagrass roots were characterized by Deltaproteobacteria of the family 

Desulfobacteraceae (33%). Furthermore, a variety of Bacteroidetes (22%) occurred along 

with phyla represented by one or two OTUs (Supp. Table 3.2). Seagrass leaves showed a 

variety of Rhizobiales (OCS116 clade and Phyllobacteriaceae) and Rhodobacteraceae 

(37.5%), with additional OTUs of the Saprospiraceae (12.5%), Alteromonadaceae (6.25%), 

Methylophilaceae (4%), and a diverse group of Gammaproteobacteria (13%) containing 

Alteromonadaceae; Arenicellaceae; Porticoccaceae; Ectothiorhodospiraceae (Supp. Table 

3.3).  

OTUs that were species specific were mostly of the same orders as the shared OTUs 

(Fig. 6, Supp. Table 3.1 t/m 3.9). Additionally, there were some species-specific orders. The 

roots of H. stipulacea contained an Ignavibacteriales and a Latescibacteria of unknown 

order, H. wrightii’s microbial community embodies a Caldithrix (Deferribacteres) and an 

Ardenticatenia (Chloroflexi, unknown order). The leaves of H. stipulacea showed occurrence 

of a Rhodococcus (order Corynebacteriales) and a Kordiimonas (order Kordiimonadales), 

whereas H. wrightii harbors some Truepera (order Deinococcales) and a Bradymonadales. 

Sulfurimonas (order Campylobacterales) only occurred in the core bacterial root community 

of T. testudinum. 

 

 

 

 



 

Figure 6. Venn diagrams of root and leaf core bacteria of H. stipulacea, H. wrightii and T. testudinum (Bardou 
et al., 2014). Barplots represent bacterial diversity up to order level of the root and leaf species-specific core 
bacteria (left), the core root bacteria and the core leaf bacteria shared among seagrasses (middle), and the 
core bacteria shared between roots and leaves and among all seagrass species (right). Legends display the 
core root bacteria and the core leaf bacteria shared among seagrasses up to order level. The most abundant 
orders were graphically represented. 

 

 



 

4 DISCUSSION 

This study aimed to detect the driving forces behind microbial assemblage in seagrasses, by 

which the bacterial communities associated with the roots and leaves of three species from 

six different locations were analyzed. The results revealed the existence of a tissue- and 

species-specific seagrass microbiome distinct from the surrounding environment. In contrast  

with findings regarding the microbiomes of two other seagrass species (Cúcio et al., 2016), 

the location of the seagrasses influenced the seagrass microbiome to a lesser extent.  

4.1 THE MICROBIAL COMMUNITY ASSOCIATED WITH SEAGRASSES DIFFERS IN DIVERSITY, 

COMPOSITION AND COMMUNITY STRUCTURE FROM THE SURROUNDING ENVIRONMENT 
The sediment contained a higher alpha diversity (Richness and Shannon index) than 

the seagrass microbial community, which is in accordance with the pattern observed for the 

roots and leaves of Zostera marina (Ettinger et al., 2017) and a recent study covering the 

roots of three seagrass species collected in Shark Bay, Western Australia (Martin et al., 

2018). Likewise, terrestrial plants have shown decreased diversity in host associated sample 

types compared to bulk sediment samples (Bulgarelli et al., 2012; Chen et al., 2016; 

Edwards et al., 2015; Hartman et al., 2017; Rascovan et al., 2016).  Community structure 

and composition (CAP and indicator species) analyses revealed a seagrass microbiome 

distinct from the sediment. However, seagrass roots shared a great part of their community 

with the sediment. In parallel with terrestrial endophytic plant communities where soil is 

considered the most determining factor (Hardoim et al., 2015), seagrasses likewise seem to 

derive a great part of their microbial community from the sediment.  

Differences between seagrass species were observed as H. stipulacea roots 

resembled sediment communities more than the other seagrasses in both alpha and beta 

diversity. Literature mentions long root hairs as a cause of a relatively more sediment like 

microbiome compared to species with less pronounced root hairs (Martin et al., 2018). 

However, as T. testudinum and H. stipulacea both grow massive root hairs(Larkum et al., 

2006), this does not explain H. stipulacea’s relatively more sediment-like microbiome in this 

study. Another explanation relates to niche theory, which has been shown to apply for 

rhizosphere communities(Lebeis, 2015). H. stipulacea is the smallest among all seagrasses 

with roots penetrating to a depth of 4 to 5 cm (Larkum et al., 2006). Recent colonization of H. 

stipulacea around Curaçao means recent colonization of this niche in the sediment, resulting 

in less pronounced community differences between the species and the sediment.  

The in this study observed lower alpha diversity in seawater compared to the leaves is 

in contrast with findings in a global study regarding the microbiome of Z. marina (Fahimipour 

et al., 2017) but resembles studies done regarding terrestrial plant leaves and air (Bowers et 

al., 2009; Redford et al., 2010; Vorholt, 2012; Womack et al., 2015). Like a recent study 

regarding the microbiomes of two seagrass species (Z. marina and Z. japonica) (Crump et 

al.,  2018),  community structure and composition of seawater was distinct from the seagrass 

microbiomes. As in alpha diversity results, the study regarding the global Z.marina 

microbiome published contrasting results (Fahimipour et al., 2017). Inconsistent results could 

be related to differences in sampling methods. As seawater samples were collected just 

above each plant (Fahimipour et al., 2017), the leaf microbial community might have 

interfered in the seawater community. Whereas seawater samples taken a bit more distant 

from the seagrass leafs display the “true” marine microbial community. Important members of 

the marine microbial community detected in this study consisted of the SAR86 clade 



(Oceanospirillales), the Surface 1 family and other SAR11 members, SAR116 (Rickettsiales), 

Microbacteriaceae and Firmicutes. Case studies in other marine waters displayed 

comparable community structures (Cram et al., 2015; Fuhrman & Hagström, 2008; Pommier 

et al., 2007). SAR86 and SAR11, which represent the largest part of the seawater community 

found in this study, specialize in the transport and degradation of lipids and polysaccharides 

and assimilate dissolved DMSP (dimethylsulfoniopropionate) and amino acids, respectively 

(Dupont et al., 2012; Malmstrom et al., 2004).  

4.2 MICROBIAL COMMUNITY DIVERSITY, COMPOSITION AND STRUCTURE IS SEAGRASS’ SPECIES AND 

TISSUE SPECIFIC 
Consistent with several earlier seagrass studies(Crump et al., 2018; Crump & Koch, 2008; 

Ettinger et al., 2017; Fahimipour et al., 2017), leaves and roots contained distinct microbial 

communities. Differences among species were observed, as leaf and root samples of H. 

stipulacea grouped closer together compared to leaf and root samples of the other 

seagrasses (Fig 4). In line with these results, the different abundance analysis clustered 

some root samples of H. stipulacea with leaf samples. An explanation could be given by its 

morphology (Fig. 1). H. stipulacea has the smallest shoots among seagrasses (around 1 cm) 

and produce, as mentioned before, an unbranched root of 4-5 cm containing long root hairs. 

H. wrightii and T. testudinum penetrate much deeper into the sediment and have shoots that 

grow much bigger (30 up to 50 cm)(Larkum et al., 2006). H. stipulacea’s smaller root and leaf 

size makes the two tissues less distinct from each other and could explain the ‘leaf-like’ root 

microbial community.   

More debated is the occurrence of a species specific microbiome (Crump et al., 2018; 

Cúcio et al., 2016; Martin et al., 2018). The in this study host specific alpha diversity and 

community composition/structure is supported by a recent study which evaluated different 

seagrass species (Martin et al., 2018). Interestingly, no distinguishable microbial 

communities were detected in the rhizobiomes of three species in the North Eastern Atlantic 

Ocean (Cúcio et al., 2016), as in two species of the genus Zostera within tidal mudflats 

harboring mixed beds (Crump et al., 2018). Contrasting findings could be explained by 

differences in sampling strategy among studies. Where in the North Eastern Atlantic they 

only considered rhizosphere communities(Cúcio et al., 2016), and did thereby not include 

endosphere and rhizoplane communities. Additional, the occurrence of a host specific 

microbiome might be influenced by phylogenetic distance. Species of the same genus 

displayed overlapping microbial communities (Crump et al., 2018), whereas species of 

different families or genera displayed distinct microbiomes (Fig. 4 & 6, Martin et al., 2018).  

The here detected species related differences in root microbiomes could be related to 

differences in root exudation rates and composition. Literature confirmed variation in root 

exudates over different seagrass species (Holmer et al., 2001; Martin et al., 2017; Küsel et 

al., 2006). H. stipulacea was not covered in known literature, but T. testudinum DOC 

(dissolved organic carbon) excretion levels showed to be higher compared to H. wrightii 

(Wetzel & Penhale, 1979).   

4.3 SEAGRASS ENRICHED MICROBIAL TAXA ARE INVOLVED IN SULFUR AND NITROGEN CYCLING 
The differential abundance analyses between the roots and leaves together with the root and 

leaf specific cores revealed that roots contained a wide variety of Desulfobacterales. 

Desulfobacterales are sulfate reducing Deltaproteobacteria, commonly associated with roots 

on predominately anoxic, sulfide-rich sediments, such as seagrass sediments (Bahr et al., 

2005; Isaksen & Finster, 1996; Klepac-Ceraj et al., 2004; Martin et al., 2018). 

Metatranscriptome results of a recent study revealed increased expression of genes involved 



in sulfide oxidation and sulfate reduction (dissimilatory sulfite reductase genes dsrA and 

dsrB, and adenylyl-sulfate reductase genes aprA and aprB) in seagrass roots compared to 

leaves and surrounding seawater microbiomes (Crump et al., 2018). Bacteria associated with 

these genes (sulfate oxidizing Gammaproteobacteria and sulfate reducing 

deltaproteobacteria) were highly abundant in the root-associated bacterial community 

detected in this study (e.g. desulfobacterales, Gammaproteobacteria Incertae Sedis), which 

supports the importance of the sulfur cycle in the seagrass rhizo- and endosphere.  

Bacteria of the order Rhizobiales occurred in all species and tissue types. Rhizobiales 

include a diversity of nitrogen-fixing microbes which often form symbiotic relationships with 

terrestrial plants  (Fischer et al., 2012; Krol et al., 2011). Further support of the importance of 

the nitrogen cycle in seagrass microbiomes is given by several studies which evaluate gene 

expression of nifH genes (genes related to nitrogenase).  High nifH gene expression was 

found in seagrass associated microbial communites (Bagwell et al., 2002; Crump et al., 

2018; Lehnen et al., 2016). The genes related to either sulfate reducing Deltaproteobacteria 

(Lehnen et al., 2016), sulfur-oxidizing Gammaproteobacteria and nitrogen-fixing 

Bacteriodetes (Crump et al., 2018). The core microbiomes detected in this study reveal Delta 

and Gammaproteobacteria are strongly associated with the roots as Bacteriodetes (e.g. 

Sphingobacteriales of the family Saprospiraceae) are widespread in leaf microbiomes. 

Leaves also contained significantly more Rhodobacterales (Roseobacter, Sulfitobacter, 

Loktanella), which are also abundant in marine waters (Dang et al., 2008; McIlroy & Nielsen, 

2014). Rhodobacterales are Alphaproteobacteria capable of aerobic anoxygenic 

photosynthesis (AAnP), degrade algal DMSP, oxides CO and inorganic sulfur compounds 

(Dang et al., 2008; Wagner-Döbler & Biebl, 2006). Some Rhodobacterales of the genus 

Roseobacter  have shown to be able to produce antibiotics (Wagner-Döbler & Biebl, 2006), 

by which a function in the protection against bacterial pathogens could be suggested.  

 Interestingly, genes associated with mentioned nutrient cycles occurred in bacterial 

phyla/orders which were detected in the cores of all species. Selection on function rather 

than taxonomy is suggested in an earlier study regarding the microbiome of a green 

macroalga (Burke et al., 2011), and could also explain species related differences obtained 

in this study.   

5 CONCLUSION 

This study revealed the occurrence of a seagrass microbiome, distinct from the surrounding 

environment. Microbial diversity, community composition and structure differed between 

roots and leaves and among the three species, whereas the location influenced the seagrass 

microbial community to a lesser extent. High abundant and widespread species turned out to 

be members associated with sulfur and nitrogen cycling, which point towards the importance 

of these metabolic processes in seagrass survival. Further insight in the detected community 

differences can be given by combining Next generation sequencing with metatranscriptomic 

studies, which couples detected bacterial taxa to functional genes. Separation of the 

seagrass microbiome in not only phyllo and rhizosphere, but also evaluate the endosphere 

separately, could show in which microenvironment the detected differences among species 

are apparent.  
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